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Abstract: The role of culture conditions on the production of exopolymeric substances (EPS) by
Synechococcus strain PCC7942 was investigated. Carbonate mineral precipitation in these EPS was
assessed in forced precipitation experiments. Cultures were grown in HEPES-buffered medium and
non-buffered medium. The pH of buffered medium remained constant at 7.5, but in non-buffered
medium it increased to 9.5 within a day and leveled off at 10.5. The cell yield at harvest was twice
as high in non-buffered medium than in buffered medium. High molecular weight (>10 kDa) and
low molecular weight (3–10 kDa) fractions of EPS were obtained from both cultures. The cell-specific
EPS production in buffered medium was twice as high as in non-buffered medium. EPS from non-
buffered cultures contained more negatively charged macromolecules and more proteins than EPS
from buffered cultures. The higher protein content at elevated pH may be due to the induction of
carbon-concentrating mechanisms, necessary to perform photosynthetic carbon fixation in these
conditions. Forced precipitation showed smaller calcite carbonate crystals in EPS from non-buffered
medium and larger minerals in polymers from buffered medium. Vaterite formed only at low
EPS concentrations. Experimental results are used to conceptually model the impact of pH on the
potential of cyanobacterial blooms to produce minerals. We hypothesize that in freshwater systems,
small crystal production may benefit the picoplankton by minimizing the mineral ballast, and thus
prolonging the residence time in the photic zone, which might result in slow sinking rates.

Keywords: cyanobacteria; exopolymeric substances; EPS; Synechococcus; carbonate crystal size;
picoplankton bloom

1. Introduction

Biological carbon fixation by phytoplankton plays a major role in the short and long-
term carbon cycles [1], by buffering the oceans through dissolved inorganic carbon spe-
ciation, producing dissolved organic matter and precipitating CaCO3 minerals. These
carbonate minerals can be transported and integrated into the sedimentary rock record [2].
The picoplankton fraction of pelagic phytoplankton, consisting predominantly of cyanobac-
teria <3 µm [3], is responsible for ~40% of the total annual CO2 removal from the atmo-
sphere through photosynthesis [4–6]. Major picoplankton taxa include the cosmopolitan
unicellular cyanobacterial genera Prochlorococcus and Synechococcus [7].
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Precipitation of calcium carbonate facilitated by phytoplankton has played a key role
in climate regulation through geologic time [2,8], possibly including cyanobacteria [9].
Oxygenic photosynthesis, dating back ~2.5–2.7 Gyr [10], evolved in cyanobacteria [11].
Cyanobacterial metabolism has had a pronounced impact on our planet through oxygen
and hydrogen production and nitrogen fixation [12–15] and continues to do so today [16,17].

The role of picoplankton in photosynthetic carbon production has been extensively
studied [18], and their contribution to calcium carbonate precipitation has been pro-
posed [19,20]). In laboratory experiments, Thompson and Ferris [21] demonstrated that
Synechococcus spp. are responsible for a major proportion of the marl sediment and car-
bonate bioherms in Green Lake. Studies of cyanobacterial carbonate precipitation have
focused on a change in the saturation index through photosynthetic activity in favor of
mineral precipitation:

CO2 + H2O � [CH2O] + O2 (1)

where [CH2O] depicts organic carbon. In typical aquatic systems, the carbon dioxide
removed during photosynthesis is replenished by the atmosphere and through dissociation
of bicarbonate ions [22] in the water column:

HCO3
− � CO2 + OH (2)

which enables calcium carbonate precipitation:

HCO3
− + Ca2+ � CaCO3 + H+ (3)

by removal of acidity by hydroxyl:

H+ + OH− � H2O (4)

Overall:
2 HCO3

− + Ca2+ � CaCO3 + [CH2O] + O2 (5)

However, changes in the saturation index of calcium carbonate typically do not suffice
to support precipitation (Equations (3) and (5)): an organic nucleation template is required
to catalyze carbonate mineral production [23–26]. Organic nucleation sites reduce kinetic
barriers [27] facilitating initial precipitation and crystal growth. Negatively charged amino
acids in proteins, such as deprotonated aspartic or glutamic acids, and in sugars, such as
uronic or sialic acids, in exopolymeric substances (EPS) fulfill the role of such a mineral
nucleation site [28–30]. These constituents have functional groups, such as deprotonated
carboxyl groups, that can bind cations such as Ca2+ and Mg2+ [31]. This initially prevents
CaCO3 precipitation by removal of these cations from solution and thus has an inhibitory
effect. When all binding sites in EPS are occupied, precipitation can commence by forming
carbonate mineral nuclei [31] catalyzing carbonate mineral precipitation. Through their
specific functional group composition, EPS can exert control on the morphology of the
minerals that are formed [26,32].

The composition, physical and chemical properties of EPS vary between species and
depend on the specific growth rate [33,34]. Constituents making up microbial EPS include
polysaccharides, proteins, nucleic acids, and lipids [29,35,36], with polysaccharides and
proteins typically accounting for ~75–90% [37]. The molecular size of EPS ranges from 0.5 to
>100 kDa [29], and the hydrophobicity, amphiphilicity, and intermolecular hydrogen bonds
determine the colloidal density and dimensions of the polymeric matrix [37–39], which
in turn depend on the properties (pH, ionic strength) of the solvent [39,40]. EPS interact
with their environment through electrostatic and ionic forces, hydrophobic interactions,
hydrogen bonds, and covalent crosslinking [33,38].

Both pelagic and benthic cyanobacteria are prolific producers of EPS [41,42], especially
under stress conditions [41]. Up to 93% of the photosynthate can be allocated for EPS [42].
Benthic cyanobacteria produce EPS, among other things, to adhere to surfaces [43], provide
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motility [44], cope with dehydration [45], limit UV exposure [46], or prevent predation [47].
In contrast, EPS excretion in pelagic cyanobacteria is predominantly associated with nutri-
ent limitation, excessive light conditions in the photic zone, and increases in salinity during
transport from freshwater to estuaries [34,48–50]. High rates of photosynthesis in dense
picoplankton populations notably increase the environmental pH [51,52]. Soluble EPS
produced by the cyanobacterial picoplankton are a precursor for transparent exopolymeric
particles (TEP) [53,54]. The TEP eventually sink, and thus cyanobacterial EPS production is
important in organic carbon fluxes in oceanic and freshwater systems [55].

Synechococcus spp. are found in marine and freshwater systems worldwide, and, by
their EPS production, contribute to the export of organic carbon to the aphotic zone and
sediments [7,48,56,57]. In addition to the flux of organic matter, Synechococcus species have
been involved in carbonate precipitation in oligotrophic waters of the open ocean [58,59]
and freshwater lakes [20,60,61], typically in elevated pH conditions [20]. The observation
of calcium carbonate precipitation in the field by Synechococcus spp. has been corroborated
in several laboratory studies [30,62–66].

The role of CO2 fixation by Synechococcus spp. in CaCO3 precipitation has been the
topic of several investigations [20,67]. In contrast, the role in carbonate precipitation of
the EPS produced by these picoplankton species is largely unknown. This study aims to
gain a mechanistic understanding of the EPS production by the freshwater Synechococcus
PCC7942 strain under different pH regimes and investigate the potential impact on calcium
carbonate precipitation.

2. Materials and Methods
2.1. Cultivation of Synechococcus PCC7942 Strain

The freshwater cyanobacterial strain Synechococcus PCC7942 used in this study was
obtained from Centre de Ressources Biologiques de l’Institut Pasteur (CRBIP, Paris, France).
Stock cultures were kept in one-third strength BG-11 liquid medium, sterilized by auto-
claving [68,69]. Full-strength BG-11 medium consists of (per liter) 1.5 g of NaNO3; 0.04 g of
K2HPO4·2H2O; 0.075 g of MgSO4·7H2O; 0.036 g of CaCl2·2H2O; 6 mg of citric acid com-
bined with 6 mg of ferric citrate; 0.001 g of Na2EDTA·2H2O and 0.02 g of Na2CO3. Trace
metal solutions contained (per liter) 2.86 mg of H3BO3; 1.81 mg of MnCl2·4H2O; 0.222 mg
of ZnSO4·7H2O; 0.39 mg of Na2MoO4·2H2O; 0.079 mg of CuSO4·5H2O and 0.0494 mg of
Co(NO3)2·6H2O. The buffered medium was amended with HEPES (25 mM final concen-
tration). The pre-inoculation pH of both buffered and non-buffered medium was 7.5. A
culture grown in a full-strength non-buffered BG-11 medium was used as inoculum for the
experiments. Cultures were incubated at 21 ± 2 ◦C, under 12 h:12 h light/dark conditions,
with a light intensity of 36.8 µE m−2 s−1 and with constant shaking at 200 rpm. The pH was
monitored in each culture twice daily. Growth of cultures was measured through optical
density measurements at 750 nm (OD750). In addition, approximately 100 to 200 cells were
counted using a hemocytometer in five randomly selected fields of view.

2.2. EPS Extraction and Purification

After 18 days of incubation, cells were harvested by centrifugation (3893× g) for
15 min. The supernatant (S1) was stored at 4 ◦C for further purification. The cell pellet
(P1) was re-suspended in 60 mL of three-times diluted BG-11 medium, gently heated at
36–40 ◦C for 1 h while shaken at 300 rpm to remove EPS that was loosely attached to the
cell surface (LEPS). This cell suspension was then centrifuged at 3983× g for 15 min to
remove the remaining EPS from cell walls. The cell pellets (P2) were homogenized, and the
extracted supernatant (S2) was combined with supernatant (S1) for subsequent purification
by filtration (MF-MilliporeTM 0.22 µm, cellulose nitrate membrane) to remove cell residues.
The high molecular weight EPS fraction (HMW; >10 kDa = retentate) was obtained by
ultrafiltration on an Amicon Stirred Cell 8400 (Schomdorf, Germany). The EPS permeate
(<10 kDa) was subsequently processed by ultrafiltration again on a 3 kDa cutoff membrane
and is referred to as the low molecular weight fraction (LMW; 3–10 kDa). Both steps were
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performed with Ultracel® 10 kDa ultrafiltration regenerated cellulose discs, at 3–4 bar of
N2 and concentrated to a volume of approximately 7–15 mL. EPS fractions were dialyzed
at 1 kDa (Spectra/Por® Dialysis Membrane) against ultrapure water at 4 ◦C in the dark for
4 days with constant stirring with water changes every 16 h. Solutions were then frozen in
liquid nitrogen and lyophilized for 3 days in a freeze dryer (Telstar Cryodos-50, Terrassa,
Spain). The weight of lyophilized material was recorded on a high-performance analytical
balance (Quintix 35-1S, Sartorius, Göttingen, Germany) and samples were stored at room
temperature until further analysis.

2.3. Chemical Composition of EPS
2.3.1. FT-IR Spectroscopy

Fourier-transform infrared (FT-IR) spectroscopy was performed on a minute sub-
sample of dried EPS. FT-IR spectra were obtained on an FT-IR Bruker Alpha spectrom-
eter (Bruker Optics Sarl, Marne la Vallée, France) fitted with an Attenuated Total Re-
flectance (ATR) ALPHA-P device equipped with a mono-reflection diamond crystal. A
total of 24 scans were performed for each sample at a spectral resolution of 4 cm−1 in the
4000–375 cm−1 wavenumber range. The qualitative assignment of absorption bands was
performed by comparison with spectra available in the literature [70].

2.3.2. Protein, Sugar and Glycosaminoglycan Assays

The protein content of the EPS was measured using the Bicinchoninic acid method
(Pierce™ BCA Protein Assay Kit) with bovine serum albumin as standard [71]. The sugar
content of the EPS was estimated using the phenol-sulfuric acid assay [72] with glucose as
standard for LMW EPS, and xanthan and dextran (Sigma-Aldrich, St. Louis, MO, USA) as
standards for HMW EPS fraction [73,74]. The total sulfated glycosaminoglycans (sGAG)
content was quantified using the Blyscan assay according to the manufacturer’s protocol
(Blyscan Kit B1000, Biocolor Ltd., Antrim, UK). This test was previously used for skeletal
matrices [75] and required chondroitin sulfate as a standard. All assays were carried out
in triplicate.

2.3.3. Molecular Size Distribution Using SDS-PAGE

Sodium Dodecyl Sulfate–Polyacrylamide Gel Electrophoresis (SDS-PAGE) was used
to estimate the molecular mass distribution of the EPS extracts, using silver nitrate stain-
ing [76], and to identify negatively-charged polymers with Alcian Blue staining [77] in
the EPS. Silver nitrate staining reveals all macromolecules, including sugars and pro-
teins [78,79]. Samples were analyzed by conventional mono-dimensional denaturing
SDS-PAGE (Mini-Protean 3; Bio-Rad; Hercules, CA, USA), on precast gradient gels (Mini-
PROTEAN TGX Gel 4–15% acrylamide, 90 mm × 70 mm, Bio-Rad; Hercules, CA, USA),
as previously described [80]. EPS lyophilizates were dissolved in ultrapure water and
mixed with Laemmli sample buffer. All EPS preparations were heat-denatured for 5 min at
100 ◦C. The samples were then cooled on ice and shortly centrifuged (5–10 s) before being
applied to the gel. A prestained protein ladder (EUROMEDEX, #06P-0111; MW: 17 kDa to
>170 kDa) was used for reference.

2.3.4. Inhibition of CaCO3 Precipitation Using pH-Drift Assay

The pH-drift assay analyzed the effect of negatively charged groups in EPS on the
in vitro CaCO3 precipitation [81–83]. In this assay, Ca is added stepwise to a sample that
contains negatively charged groups capable of binding this cation. When no additional Ca
is bound, CaCO3 will precipitate, decreasing the pH (Equation (3)). CaCO3 precipitation
was followed by recording the decrease in pH in a solution containing 2 mL of 20 mM
NaHCO3 (pH~8.6) and either 0.1 mL of H2O (negative control) or EPS sample and 2 mL
of 20 mM CaCl2 (pH~8.6). Increasing concentrations of EPS (from 10 to 150 µg) were
tested. A duplicated experiment of the HMW EPS sample from non-buffered medium
was performed. The pH was measured with a mini glass electrode (Mettler-2+ Toledo)
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and recorded on a pH meter (Laboratory Research Grade Benchtop pH/mV Meter with
0.001 pH Resolution-HI5221) connected to a PC with a USB cable. Data were recorded by
the HANNA HI92000 software. The pH was measured each 2 s for 20 min. The electrode
was treated with 0.1 N HCl between every run, before being rinsed and stabilized in the
sodium bicarbonate solution.

2.3.5. Forced Precipitation of Calcium Carbonate

The potential of the EPS to precipitate calcium carbonate was tested in vitro in the
presence of a closed NH3/CO2 saturated atmosphere [84]. Eight concentrations of EPS
(0, 1, 2, 4, 8, 16, 32, 64 µg·mL−1) were prepared in a 0.22-µm filtered CaCl2 solution
(10 mM). A solution of each of the EPS concentrations was incubated in duplicate in 16-
well culture plates (Lab-Tek, Nunc/Thermo Scientific, Rochester, NY, USA). The microwell
plates were covered, but the gas exchange was possible through a hole drilled in the cover.
After 72 h of incubation at 4 ◦C in the dark, the pH was measured in each well and the
overlying solutions were carefully removed by aspiration. The crystals that had formed
during the incubation had settled at the bottom of the wells. The microplates were stored
under vacuum until image analysis and determination of morphology and mineralogy of
the precipitates.

2.3.6. Morphology and Mineralogy of Carbonate Crystals

Carbonate mineral morphology was observed using a tabletop scanning electron
microscope (Hitachi TM1000, Ibariki, Tokyo, Japan) in back-scattered electron mode. Min-
eralogy was determined by FT-IR spectroscopy with an FT-IR Bruker Alpha (Bruker Op-
tics, Sarl, Champs-sur-Marne, Paris, France) with the use of the RRUFF Project database
(https://rruff.info (accessed on 1 December 2021)). Samples for SEM viewing, and FT-IR
spectroscopy were in their original wells of the microplates used in the forced
precipitation experiment.

2.3.7. Crystal Count and Size Distribution

Calcium carbonate crystals were counted using an NACHET-inverted microscope
(Paris, France) equipped with Mosaic 2.2.1 image analysis software. Images were processed
to obtain the sizes (average width and length of sizes classes 1–50 µm and 50–500 µm)
and the total count of the crystals in each of the microplate wells. Ten fields of view,
totaling 15.6 mm2, were analyzed. The surface area covered by minerals was estimated by
multiplying the average length of short and long crystal axes to obtain the mean crystal
surface. This mean surface estimates for the size classes 1–50 µm and 50–500 µm were then
multiplied by the crystal counts in each well.

3. Results
3.1. Cell Growth and pH Evolution

Two growth experiments were carried out in duplicate with cultures of Synechococcus
PCC7942. The medium had an initial pH of 7.5 and was either non-buffered or buffered
by HEPES (25 mM final concentration). In the non-buffered medium, the pH increased
within a day from 7.5 to ~9.5, likely due to the high pH of the inoculum in the absence of
a buffer (Figure 1). Then, the pH increased slowly during cell growth to reach 10.5 after
18 days at the time of EPS harvest. In the buffered medium, the pH remained constant at
7.5. After a lag phase of a few days, the optical density and cell number increased until
harvest for EPS extraction after 18 days (Figure 1). The growth in the non-buffered medium
was faster than in the buffered medium. The cell yield in the non-buffered media was
5.1 ± 0.2 × 1011 cell·L−1 and reached 2.1 ± 0.1 × 1011 cell·L−1 in buffered medium.

https://rruff.info
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 Growth Conditions 
 Non-Buffered Buffered 

Cell yield (×1011 L−1) 5.1 ± 0.2 2.1 ± 0.1 
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Figure 1. Optical density (OD750 nm; circles) and pH (triangles) during growth of Synechococcus
PCC7942 in non-buffered (red symbols) and buffered (blue symbols) media. The points represent the
average of two replicates.

3.2. EPS Production

The total amount of EPS (dry weight) was calculated by adding HMW (>10 kDa)
and LMW (3–10 kDa) fractions. In a non-buffered medium, the HMW EPS yield was
12.7 ± 1.0 mg EPS·L−1 and LMW EPS 1.5 ± 0.5 mg EPS·L−1, resulting in a total amount
of 14.2 ± 1.5 mg EPS·L−1. In the buffered medium, the recovery of the HMW fraction
was 9.3 ± 1.7 mg EPS·L−1 and the LMW was 6.0 ± 0.3 mg EPS·L−1 totaling
15.3 ± 2.0 mg EPS·L−1 (Table 1). The cell-specific EPS production in the non-buffered
medium was approximately three times lower than in the buffered medium. The HMW
fraction in the non-buffered medium comprised 85–93% of the total EPS weight, and 7–15%
was made up of the LMW fraction. In contrast, the buffered medium contained 55–66% of
the HMW fraction and 34–45% of the LMW contributed to the total amount of exopolymers.

Table 1. Cell yield and EPS production in Synechococcus PCC7942 cultures at the time of har-
vest. Two fractions of EPS were extracted. Data represent the mean of two independent
experiments ± standard deviation.

Growth Conditions

Non-Buffered Buffered

Cell yield (×1011 L−1) 5.1 ± 0.2 2.1 ± 0.1

Total EPS (HMW and LMW fractions) (mg·L−1) 14.2 ± 1.5 15.3 ± 2.0

High Molecular Weight EPS * (mg·L−1) 12.7 ± 1.0 9.3 ± 1.7

Low Molecular Weight EPS ** (mg·L−1) 1.5 ± 0.5 6.0 ± 0.3

Cell-specific EPS production (mg·106 cells−1) (2.3 ± 0.84) × 10−5 (7.5 ± 0.98) × 10−5

* HMW (>10 kDa); ** LMW (3–10 kDa).

3.3. EPS Characteristics

FT-IR spectroscopy—FT-IR spectra revealed differences in functional group compo-
sition between the two culture conditions. There were only minor differences between
spectra of the LMW and HMW fractions from each culture condition (i.e., non-buffered
and buffered media). The characteristic infrared absorptions bands for polysaccharides
and proteins moieties were visualized (Figure 2). Vibrations at 1042–1078 cm−1 (see ar-
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rows) could be attributed to n(C–O) stretching vibration of polymers, both proteins [85]
and carbohydrates [70]. The bands (930–940 cm−1; see arrows) falling in the range of
927–940 cm−1 were only present in EPS extracts of buffered grown cells and could be as-
signed to β-glycosidic linkages. The bands (1534–1649 cm−1; see arrows) present between
1445 and 1650 cm−1 were likely due to n(C–N) and n(C=O) stretching vibrations of Amide
I-II bands that are typically associated with proteins [70]. Spectra for both HMW and LMW
EPS from non-buffered grown cultures show higher peaks of protein than those observed
for EPS from cells grown in buffered medium (Figure 2). Additional peaks observed around
3000 cm−1 were assigned to n(C–H) (either in CH3 or CH2) and could be indicative of long-
chain polymers (e.g., sugars or proteins). Peaks at 3400 cm−1 could represent stretching
elongation of O-H bonds, in either water, alcohols, or sugars.
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Figure 2. FT-IR spectra of (A) LMW and (B) HMW EPS fractions produced by Synechococcus PCC7942
grown in non-buffered (red spectra) and buffered (black spectra) media. Amides I-II absorb in the
range of 1530–1650 cm−1 (pink and green bands), sulfate groups at ~1233 cm−1, polysaccharides at
~1040–1070 cm−1 (purple band), and the β-glycosidic linkages visible as a shoulder at 930–940 cm−1.
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Sugar content—The sugar content of EPS from the non-buffered medium was higher
than from the buffered medium. In the HMW fraction, the quantify of sugar in EPS from
non-buffered medium was 1.6 times higher than in EPS from buffered medium (Table 2).
The sugar content of LMW EPS from non-buffered medium was only slightly higher than
that of the EPS from buffered medium (Table 3). When accounting for the difference in
cell yield between the two growth conditions, the cell-specific sugar content of HMW
EPS extracted from buffered media was 1.2–1.8 times higher than in HMW EPS from non-
buffered media. Similarly, the cell-specific sugar content of LMW EPS fraction was 1.4 to
4.0 times higher non-buffered media than in buffered media.

Table 2. Sugar, protein, and glycosaminoglycan content of the HMW EPS fraction produced by
Synechococcus PCC7942 in non-buffered and buffered media. Values represent the average of two
replicates ± standard deviation.

Growth Conditions

Non-Buffered Buffered

Sugar (µg xanthan equivalents·mg−1 EPS) 665 ± 65 400 ± 10

Sugar (µg dextran equivalents·mg−1 EPS) 775 ± 85 465 ± 15

Protein (µg·mg−1 EPS) 343 ± 132 32 ± 0.5

Glycosaminoglycan (µg GAGs·mg−1 EPS) 3.0 ± 1.7 3.1 ± 0.1

Table 3. Sugar, protein, and glycosaminoglycan content of the LMW EPS fraction produced by
Synechococcus PCC7942 in non-buffered and buffered media. Values represent the average of two
replicates ± standard deviation.

Growth Conditions

Non-Buffered Buffered

Sugar (µg glucose equivalents·mg−1 EPS) 620 ± 180 565 ± 115

Protein (µg·mg−1 EPS) 150 ± 30 58 ± 32

Glycosaminoglycan (µg GAGs·mg−1 EPS) 2.2 ± 0.5 1.9 ± 0.3

Protein content—The protein content of the HMW EPS fraction from non-buffered
cultures was approximately ten times higher than in buffered cultures (Table 2). The protein
content of the LMW in the EPS from the non-buffered cultures was approximately two
times higher than in the EPS extracted from the buffered cultures (Table 3). Using cell
yield data (Table 1), the cell-specific protein content was 3.0–8.0 times higher in HMW EPS
obtained from non-buffered media compared with that from buffered media. In LMW EPS
from non-buffered media, the cell-pacific protein content was only 1.3–3.0 times higher
compared with that from the buffered media.

Glycosaminoglycan (GAGs) content—GAG analyses included both amino sugars and
glycoproteins. Our results indicate that these compounds were present in small quantities
only accounting for approximately <1% of EPS (Tables 2 and 3). In other words, the sugars
and proteins in EPS were not sulfated GAGs.

SDS PAGE—Our gel electrophoresis revealed bands between 10 and >170 kDa in
HMW EPS fractions when stained with either silver nitrate (Figure 3A) or Alcian Blue
(Figure 3B). Replicates showed similar banding patterns. Molecules with an apparent
weight <10 kDa were not present in the gel and consequently, macromolecules in the
LMW EPS fraction were not detected. Silver-stained gels revealed common bands between
10–17 kDa and 34–43 kDa, which were more intensely stained in EPS from non-buffered
medium (Figure 3A, lanes 2–3 vs. lanes 4–5). One replicate EPS sample of non-buffered
medium (Figure 3A, lane 3) contained additional macromolecules with molecular weights
around 20 kDa (intensely stained) and (>170 kDa). On Alcian Blue-stained gels, a single
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common band (10–12 kDa) (Figure 3B, lanes 2–5), as well as other single bands between
34–43 kDa (Figure 3B, lanes 2–5) were visible in both EPS from non-buffered and buffered
pH conditions. Stronger bands were apparent in EPS from non-buffered medium, indicating
a greater presence of negatively charged groups in that EPS (Figure 3B, lanes 2 and 3).
In the non-buffered medium, EPS showed other bands with a molecular mass between
34–43 kDa (Figure 3B, lanes 2 and 3) and >170 kDa (Figure 3B, lane 2) that were also more
intense compared with the same MW bands expressed in the buffered medium (Figure 3B,
lanes 4 and 5). The Alcian Blue staining revealed more macromolecules with negatively
charged groups in HMW-EPS extracted from non-buffered medium than from buffered
medium, indicative of a higher Ca2+-binding potential.

Geosciences 2022, 12, x FOR PEER REVIEW 10 of 26 
 

 

buffered medium (Figure 3B, lanes 4 and 5). The Alcian Blue staining revealed more 
macromolecules with negatively charged groups in HMW-EPS extracted from non-
buffered medium than from buffered medium, indicative of a higher Ca2+-binding 
potential.  

 
Figure 3. SDS-PAGE of HMW EPS fraction. Silver nitrate (A) and Alcian Blue (B) staining were 
applied. Black arrows indicate major bands expressed in EPS from non-buffered (lanes 2, 3) and 
buffered (lanes 4, 5) media. Molecular ladder reference is shown in lane 1. 

Inhibition of CaCO3 precipitation by EPS using pH drift experiments-The pH drift 
assay determined the inhibition effect of negatively charged groups of the EPS matrix on 
the rate of calcium carbonate precipitation [81,82,83]. Negatively charged groups of EPS 
can bind calcium ions from the solution. The more of these functional groups are present, 
the more calcium can be bound, and the longer precipitation is delayed. This is referred 
to as inhibition. Complete inhibition is accomplished when the Ca-binding capacity is 
reached and minerals precipitate lowering the pH (Equation (3)). Clear differences were 
observed between EPS extracted from buffered and non-buffered cultures (Figure 4A–D; 
Supplementary Figure S1). Strong inhibition of CaCO3 precipitation was observed in the 
HMW EPS fraction from the non-buffered medium in solutions containing >20 µg 
EPS·mL−1 (Figure 4A). The LMW-EPS fraction from the non-buffered medium exhibited 
less inhibition (Figure 4B). This length of inhibition period increased with increasing EPS 
concentrations. No inhibition was observed in EPS obtained from the buffered medium 
(Figure 4C,D).  
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buffered (lanes 4, 5) media. Molecular ladder reference is shown in lane 1.

Inhibition of CaCO3 precipitation by EPS using pH drift experiments—The pH drift
assay determined the inhibition effect of negatively charged groups of the EPS matrix on
the rate of calcium carbonate precipitation [81–83]. Negatively charged groups of EPS
can bind calcium ions from the solution. The more of these functional groups are present,
the more calcium can be bound, and the longer precipitation is delayed. This is referred
to as inhibition. Complete inhibition is accomplished when the Ca-binding capacity is
reached and minerals precipitate lowering the pH (Equation (3)). Clear differences were
observed between EPS extracted from buffered and non-buffered cultures (Figure 4A–D;
Supplementary Figure S1). Strong inhibition of CaCO3 precipitation was observed in
the HMW EPS fraction from the non-buffered medium in solutions containing >20 µg
EPS·mL−1 (Figure 4A). The LMW-EPS fraction from the non-buffered medium exhibited
less inhibition (Figure 4B). This length of inhibition period increased with increasing EPS
concentrations. No inhibition was observed in EPS obtained from the buffered medium
(Figure 4C,D).
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Figure 4. In vitro inhibition of calcium carbonate precipitation using (A) HMW EPS from non-
buffered medium, (B) LMW EPS from non-buffered medium, (C) HMW EPS from buffered medium
and (D) LMW EPS from buffered medium. Each panel shows the experiments using EPS extracts
with concentrations of 10, 20, 30, 40, 50 and 150 µg·mL−1 on CaCO3 inhibition experiment. The
decrease in pH indicates precipitation and a plateau inhibition of carbonate precipitation. A larger
plateau indicates stronger inhibition of CaCO3 precipitation (e.g., see arrow in panel (A)). The results
in each panel represent single experiments. Replication using HMW EPS from non-buffered medium
showed identical results (see Supplementary Figure S1).

3.4. Forced Precipitation and Mineral Properties of Calcium Carbonate

Forced precipitation experiments were carried out in solutions without EPS (Supple-
mentary Figure S2) and in EPS concentrations ranging from 1 to 64 µg·mL−1. Compared
with the crystals of the control sample, the different EPS compositions impacted in a specific
manner the crystals’ morphology, mineralogy, and size distribution.

Mineral morphology—SEM imaging (Figure 5) showed that EPS supported the pre-
cipitation of calcium carbonate. We observed clear differences in mineral morphology
with crystals varying from spheroids and rhombohedrons with modified edges to more
truncated rhombohedrons that occasionally formed polycrystalline aggregates and mea-
sured from 1 µm up to >50 µm. Crystals in EPS solution from buffered medium were
round and had smoother faces than crystals that formed in EPS solution from non-buffered
media (Figure 5A–D), which were mostly rhombohedral (Figure 5C,D). There was no clear
correlation between EPS concentration and crystal morphology.
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Figure 5. In vitro forced CaCO3 precipitation in the presence of (A–D) HMW EPS fraction from non-
buffered and (E–H) buffered media at increasing EPS concentrations (1, 8, 16 and 64 µg·mL−1). SEM
images show two CaCO3 morphologies: rhombohedral (white squares) and spheroidal (black circles)
crystals (in some cases shown as polycrystalline spheres, e.g., panel (F)). In EPS from non-buffered
medium (A–D), a large number of small crystals formed. In EPS from buffered medium (E–H), a
small number of large crystals precipitated. The scale bar (black) at the bottom of the images is
200 µm.

Mineralogy—FT-IR microscopy performed on selected individual crystals > 10 µm
revealed that calcite was the most common carbonate polymorph formed in controls and
in EPS from both buffered and non-buffered cultures at all tested EPS concentrations. In
addition, spheroidal vaterite crystals (>30–50 µm) were detected but only at low EPS con-
centrations (1 and 8 µg EPS·mL−1; Figure 6A). Calcite precipitated in all EPS concentrations
tested (0–64 µg EPS·mL−1). The FT-IR spectra showed that some of rhombohedrons with
modified edges (Figure 5B,F) had both vaterite and calcite signatures. Smaller calcite
crystals often agglomerated into large composite structures (>50 µm; Figure 5F black circles
and Figure 6B).
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media. Data shown for HMW EPS from buffered medium with a concentration of (A) 4 µg·mL−1

and (B) 2 µg·mL−1.
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Mineral counts and size distribution—Image analysis of minerals showed differences
in the size and number of crystals precipitated in solutions of HMW and LMW EPS
fractions from both non-buffered and buffered media. In the HMW EPS fraction from
non-buffered medium, the number of small crystals (1–50 µm) increased with increasing
EPS concentration (Table S1). This increase was not observed for the HMW EPS fraction
from buffered medium. In contrast, the number of large crystals (50–500 µm) increased
with increasing polymer concentration in a solution of HMW EPS from buffered medium,
but this was not observed in a solution of HMW of EPS from non-buffered medium.
Therefore, in order to compare the effect of buffered and non-buffered EPS on crystal
size, we calculated the ratio between large and small crystals at each EPS concentration
(Figure 7A,B). In the solution of HMW EPS fraction from non-buffered medium, the ratio of
large to small crystals decreases slightly with increasing EPS concentration, indicating that
the proportion of small crystals increased with increasing polymer concentration (Figure 7A,
blue symbols; downward trend). The opposite trend was seen in the solution of HMW
EPS from buffered medium, where the relative contribution of large crystals increased with
increasing EPS concentration (Figure 7A, orange symbols; upward trend). In the solution
of LMW EPS fractions from both media, the difference in the ratio of small to large crystals
was less obvious (Figure 7B). The few anomalies in the above ratios (visible as deviations
from the trend line in Figure 7) could be due to the complex nature of the EPS structure
and interactions of the macromolecules [33,49]. Both replicate experiments showed similar
results (Figure 7; Supplementary Figure S3).
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Figure 7. Ratios between large and small crystals that precipitated in solutions of (A) the HMW
EPS fraction from non-buffered medium (blue symbols and trend line) and from buffered medium
(orange symbols and trend line); (B) the LMW EPS fraction from non-buffered medium (blue symbols
and trend line) and from buffered medium (orange symbols and trend line. The orange and blue
symbols shown at each EPS concentration (0–64 µg·mL−1) indicate individual ratios for single
precipitation experiments.

Estimation of carbonate precipitation by crystal size class—An approximation of
the total amount of carbonate precipitated in EPS solutions from HMW and LMW fractions
of both non-buffered and buffered media is shown in Figure 8. A comparison of the small
crystal size class (1–50 µm) with the large crystal size class (50–500 µm) in non-buffered
HMW EPS solutions showed a clear trend of increasing surface area cover by small crystals
and a decrease in surface cover by large crystals with increasing EPS concentrations. This
trend was reversed in the same EPS fraction from buffered medium and showed a small
increase in surface cover by the large crystal size class (Figure 8A,B). A similar trend
showing an increase in small crystal coverage and no clear change in the cover by large
crystals was found in solutions of LMW EPS fractions of both buffered and non-buffered
media (Figure 8C,D).
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EPS concentrations.

4. Discussion

The pH is known to affect cyanobacterial growth [86–88], but its impact on the produc-
tion and properties of the exopolymeric substances is unclear [89,90]. Some studies have
investigated the behavior of purified EPS under different pH conditions [38,91], but the
current work investigates the properties of EPS produced by Synechococcus strain PCC7942
during growth under different pH regimes. In our study, the pH in non-buffered medium
increased from 7.5 to 9.5 within a day after inoculation and continued to increase slowly
to 10.5. In contrast, the pH of our buffered medium remained constant at 7.5 (Figure 1).
The cell yield was higher, but the cell-specific EPS production was lower in non-buffered
medium than in buffered medium (Table 1). The cell-specific sugar content was simi-
lar under both EPS conditions, but at higher pH, the EPS had a higher protein content
(Table 3) and comprised larger polymers with a large number of negatively charged groups
(Figure 3A,B). These different EPS properties ultimately affect the mineral products that
can form in this organic matrix. Our findings in laboratory experiments may provide new
insights into carbonate production in natural systems.

Cyanobacteria typically produce large amounts of high molecular weight
heteropolysaccharides [47,92,93]. The production and secretion of these EPS is a com-
plex process, possibly controlled by specific genes [29,94]. The chemical composition and
density of EPS depend on the environmental conditions in which it is produced [36]. Stud-
ies in purified EPS demonstrated that the experimental pH and ionic strength impacted
the three-dimensional structure and surface properties [38,91]. EPS itself exhibits a buffer-
ing capacity that is determined by the presence of specific functional groups. Carboxyl-,
hydroxyl-, phosphoryl-, sulfur-, and amino- groups deprotonate with increasing pH [95–97].
The pKa value of sulfate groups is below 2.5 [97] and carboxylic groups have a pKa between
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2 and 6 and deprotonate at a low pH. Phosphatic groups commonly exhibit a pKa between
5 and 8 and hydroxyl and amino groups have pKa values ranging from 8 to 11 [95,98]. The
large range of these pKa values is the result of different medium conditions in which they
were measured (e.g., pH and ionic strength). Electrostatic and steric interactions in complex
biological molecules such as EPS may also cause differences in pKa values. The extent of
these interactions varies with environmental conditions [99] and depends on the location
of the functional groups within the EPS matrix and the polymer concentration, which
can change the electrostatic properties [38,100]. In our investigation, the deprotonation of
carboxyl and sulfur functional groups, if present, are expected in both pH conditions tested,
as well as possibly the deprotonation of amino groups in EPS produced in non-buffered
medium. The negatively charged groups that result from deprotonation have the capacity
to bind cations.

FT-IR spectroscopy showed the presence of carboxylic groups, characteristic con-
stituents of polysaccharides but also important in proteins. The signature of carboxylic
groups was found in all HMW and LMW EPS fractions (Figure 2A,B). As noted, evidence
for β-glycosidic linkages was only found in EPS from buffered medium, where the relative
contribution of polysaccharides appeared higher than in EPS from non-buffered medium.
In contrast, amide I-II groups (~1445–1650 cm−1; Figure 2A,B; red spectra) diagnostic mark-
ers for peptide bonds [47], were more abundant in both HMW and LMW non-buffered EPS
(Figure 2A,B). This finding corroborates our observation that the EPS from non-buffered
medium contained a much higher fraction of proteins than the EPS obtained from buffered
medium (Tables 2 and 3). In other words, the contribution of proteins to macromolecules
comprising EPS was more pronounced in polymers from cultured grown in non-buffered
medium than in buffered medium. Furthermore, intensely Alcian Blue stained bands
in SDS-PAGE gels of HMW EPS from non-buffered cultures suggested that this protein
fraction contained many negatively charged functional groups (Figure 3B, lanes 4 and 5).
Consequently, the cation binding capacity of the EPS from non-buffered medium is ex-
pected to be higher than that of EPS from buffered medium [31,97]. In the EPS from cells
grown in non-buffered medium, only a small shoulder was observed at 1233–1234 cm−1 in
the FT-IR spectrum (Figure 2A,B; black arrows) that is attributed to the presence of sulfate
groups such as S=O and C–O–S [101,102]. These sulfur functional groups can be linked
to cation binding. However, the glycosaminoglycans content of our study, indicative of
sulfated sugars, was only <1% (Tables 2 and 3, sGAG), ruling out a role of these functional
groups in EPS from Synechococcus sp. The small number of sulfated groups could be an
effect of the approximately 70 times lower sulfate concentration in our freshwater medium
compared with that of a marine medium [103]. These authors reported that the FT-IR
spectra of EPS extracted from the cyanobacterial freshwater strain Nostoc carneum displayed
much lower sulfur peaks than those obtained from the marine strain Cyanothece sp. [103].

A range of specific macromolecules (e.g., enzymes, molecular chaperones, compatible
solutes and transport proteins) is produced by cyanobacteria under stress conditions [104].
Under elevated pH levels, 55 specific transport and binding proteins were produced by
another unicellular cyanobacterial strain, Synechocystis sp. PCC6803 [90]. A larger quantity
of proteins (Tables 2 and 3) in EPS from non-buffered cultures (Figure 3B, lanes 4–5) could
thus be a specific physiological response of Synechococcus PCC7942 to high pH (~10.5)
as well. Negatively charged macromolecules with a mass >170 kDa were only found
in EPS from non-buffered cultures (Figure 3B, lane 4), further indicating that at high
pH, Synechococcus produced specific large molecules to cope with alkaline conditions.
High pH values favor the presence of CO3

2− over HCO3
−, and little or no CO2. A low

carbon dioxide concentration can induce a carbon-concentrating mechanism (CCM) in some
photosynthetic organisms [105] including Synechococcus [106]. CCMs comprise bicarbonate
transporters in the cell membrane [107], intracellular (iCA) [108], extracellular carbonic
anhydrases (eCA) [109], and concentrated RuBisCO activity located in carboxysomes.
Carbonic anhydrase (CA) is a protein that catalyzes the conversion of HCO3

- to CO2
(Equation (2)) and, thus, eCA further increases the pH [110].



Geosciences 2022, 12, 210 15 of 24

CA plays a key role in photosynthetic assimilation of inorganic carbon especially
in alkaline conditions [108,111], including in Synechococcus PCC7942 [112] and can have
negatively charged sites [113]. The half-saturation constant Ks for CO2 of the RuBisCO
enzyme in this Synechococcus strain is 350 µM [114]. Consequently, the rate of carbon
fixation at pH 9 is extremely slow when the CO2 concentration is only 1 µM. In contrast,
the HCO3

− concentration at pH 9 is 475 µM, indicating the importance of CCM and CA.
We detected a strong 34–43 kDa band in our PAGE gels of EPS from cells grown at high
pH (Figure 3A, lanes 4–5). An eCA with a molecular weight of 42–44 kDa was found in
Synechococcus PCC7942 [109]. Given the requirement for a CCM to fix inorganic carbon
in alkaline conditions, it is plausible that our 34–43 kDa band, which, based on its Alcian
Blue staining contained negatively-charged macromolecules (Figure 3B, lanes 4–5), may
represent an extracellular carbonic anhydrase but its characterization is beyond the scope
of the present paper. Acidic proteins (e.g., aspartic or glutamic acid-rich proteins) and
acidic polysaccharides (e.g., uronic acids, sialic acids), both present in EPS can be negatively
charged and thus inhibit CaCO3 precipitation by binding Ca2+ cations [26,28,82,114,115].
Although we observed an important contribution of proteinaceous macromolecules to
the EPS composition, it is not yet clear whether calcium binding in our study is predomi-
nantly carried out by the protein fraction or by sugars, as polysaccharides can also control
mineral growth [116,117]. Specifically, uronic acids, a major fraction of typical EPS are
known to sequester cations [82]. However, in their study, these authors reported that
not acidic polysaccharides, but proteins influenced the mineralogy of calcium carbonate
that precipitated in a cyanobacterial culture. Regardless of this, EPS play a critical role in
sequestering calcium ions and providing a template for mineral nucleation, thus facilitating
carbonate precipitation [31,32]. The Ca-binding capacity can be indirectly assessed by
the pH-drift method [81–83]. This assay showed a larger initial plateau in both solutions
of HMW (Figure 4A, arrow) and LMW (Figure 4B) EPS fractions from cultures grown
in non-buffered medium than from that of EPS samples produced in buffered medium
(Figure 4C,D). This indicated that the presence of a greater abundance of negatively charged
groups produced at high pH bind more divalent cations such as Ca2+. In addition, negative
charges can possibly bind nascent mineral nuclei if these are produced in solution, inhibit-
ing further crystal growth. As mentioned earlier, these negatively charged groups can be
part of both sugars and proteins.

In addition to cation binding, EPS act as a template for mineral nucleation and control
crystal growth [28,31,32,118]. Analysis of crystals produced in forced precipitation experi-
ments showed that the abundance of negatively charged groups in EPS, most likely protein,
had a distinct effect on the mineral properties. The effect of the negatively charged groups
is visualized by the trend lines of the ratio large:small crystals (Figure 7A). The downward
slope of the trend line for HMW EPS solutions from non-buffered medium extract shows
that the relative number of small crystals increased with increasing EPS concentration. In
contrast, the upward trend line for HMW EPS solution obtained from buffered medium
extracts, with a lower abundance of negative binding sites, indicates that the proportion of
large crystals increases with increasing polymer concentration. The trend for the ratio of
large to small crystals in the solutions of LMW fractions is less clear (Figure 7B). The same
pattern of small crystal dominance in EPS from non-buffered medium and large crystals
in EPS from buffered medium emerges from the relative contribution of both crystal size
classes to total CaCO3 coverage (Figure 8). The effect of specific EPS properties on mineral
products is even more pronounced when considering that 82–96% of the EPS produced in
the non-buffered medium is made up of the HMW fraction but this value is only 49–71%
in the buffered medium, making the contribution of the LMW fractions less important in
EPS from non-buffered medium. Large crystals were prevalent in buffered EPS due to
lower negatively charged group density in non-limiting calcium concentrations. In other
words, nucleation sites were less abundant, and the available calcium supported a better
crystal growth.
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Mineral size and crystal growth are controlled by the acidity (i.e., negatively charged
groups) of the EPS, but the concentration of these colloids also exerts control on the poly-
morphism of carbonates that may form (this study; [28,97]). Specific properties of proteins,
such as conformation, size, and surface charge can change the mineral phase [119]. These
authors reported inhibition of vaterite formation with an increase in acidic proteins, similar
to our study, where we only observed vaterite at the lowest EPS concentrations investigated
(i.e., 1 and 8 µg·mL−1; Figure 6A). Precipitation of vaterite polymorphs was found in
cyanobacterial EPS [120]. However, an increase in acidity of amino acids in artificial EPS
did not inhibit vaterite formation, but an increase in the density of the polymers favored
precipitation of vaterite over calcite [28]. In our study, vaterite polymorphs were present
in solutions of EPS from non-buffered and buffered media, suggesting that the density of
the macromolecules is the main control, and not the acidity of the polymers. However, the
vaterite was not quantified in our experiments and it is conceivable that the EPS produced
in both buffered and non-buffered media contained sufficient acidic proteins that support
vaterite formation, although a role for acidic polysaccharides cannot be ruled out [121].

Calcite crystals displayed the characteristic rhombohedral habits and at high EPS
concentrations (16–64 µg·mL−1), they often formed large aggregates of small crystals,
notably in solutions of EPS from buffered medium (Figure 5F–H; calcite crystals indicated
by white squares). In contrast, spheroidal vaterite precipitated in low EPS concentrations as
isolated crystals, in some cases as polycrystalline spherical clusters (Figure 5A,B,E,F, black
circles). Spheroidal morphology is the most typical shape of this CaCO3 polymorph [28]. In
our study, rhombohedrons with smooth edges (Figure 5B,F) 4 µg HMW EPS·mL−1 fraction
possibly represent the transitional phase from metastable vaterite to more stable calcite
crystals. Increasing EPS concentration from non-buffered cultures supported nucleation
and growth of rhombohedral calcite crystals (Figure 5A–D).

The growth rate of organisms can impact the EPS production [34,36] and functional
groups composition [122]. In our study, in buffered conditions, the growth rate of Syne-
chococcus was an order of magnitude lower than the maximum specific growth rate [123],
which may impact the quality and quantity of the cyanobacterial EPS [124] and thus also
the mineral properties of the crystals. In our buffered medium, the growth of Synechococcus
was likely suboptimal because of the HEPES buffer addition, a compound known to reduce
cyanobacterial growth [125–127]). Based on observations by Kurian (2009) [127], we assume
that there was no HEPES effect on the protein expression, but that the different protein
patterns we observed were a response to specific medium pH values. Furthermore, growth
at elevated pH requires the induction of a CCM [128], the synthesis of which is energetically
costly [129], resulting in a slower growth rate. The two different growth conditions in our
study show different protein signatures, most likely because non-buffered growth requires
a physiological response such as CA induction. This difference in protein signatures main
ultimately impacts mineral properties. The concentration of phosphate in full-strength
BG-11 can lead to artifacts in carbonate precipitation experiments, such as precipitation of
phosphate minerals [130]; therefore, we grew our strain in a one-third strength medium.

From the Lab to the Field–Potential Importance of pH Effects in Bloom Formation

Picoplankton growth in poorly buffered natural systems resembles that of our non-
buffered medium. The physiological response of Synechococcus to growth at pH 10.5,
particularly the specific EPS properties produced under alkaline conditions, may thus
shed light on cyanobacterial blooms in freshwater lakes [20,21]) (Figure 9A). These pi-
coplankton blooms are typically characterized by high cell densities and photosynthesis
rates [19,51,131–133]. The rapid uptake of DIC increases the pH ([67]; see Equation (2)),
causing a physiological response of the picoplankton, that based on our results, could
lead to the production of protein-rich, acidic EPS (Figure 9B). These EPS are either asso-
ciated with the cell surface (i.e., capsular EPS (cEPS), tightly bound to the cell wall), or
are suspended in the aqueous phase as soluble EPS (sEPS) [33]. Cyanobacteria often have
a thick mucoid EPS sheath (i.e., cEPS) surrounding their cell wall [134]), but also excrete
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carbohydrates, possible including sEPS, as a photosynthetic “carbon overflow” mechanism
under nutrient limitation, notably that of nitrogen and phosphorous [36,135,136].
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Figure 9. Model of EPS-associated carbonate precipitation in alkaline and circumneutral pH and
potential implications for natural bloom conditions. Top panels: (A) non-buffered Synechococcus
cultures respond to alkaline pH and bloom conditions. The pH increases due to high rates of
photosynthetic CO2 uptake. (B) predominantly high molecular weight (HMW) protein-rich EPS
with (C) large amounts of negatively charged groups are formed. More nucleation sites result in
small crystals (represented by the small red sphere in the lower right corner) (D–F) with a lower
sinking rate, limited crystal growth, and rapid dissolution. This is in contrast to bottom panels:
(A) Buffered media have a circumneutral pH, and cultures mimic non-bloom conditions without
pH increase, and (B) equal amounts of HMW and low molecular weight (LMW) fractions with low
protein content and less negatively charged groups. (C) Large carbonate crystals are formed in EPS
(represented by the small blue sphere in the lower right corner) that (D–F) sink fast, may not grow
further, and dissolve slowly.

Both sEPS and cEPS [38,137] are precursors of larger colloid particles that form under
natural conditions [138,139]. Electrostatic interaction between EPS molecules and the
hydrophilicity of the aggregates plays a critical role in this [39,53]. Large EPS aggregates
with neutral buoyancy, referred to as transparent exopolymeric particles (TEP), were
produced in an artificial marine Synechococcus bloom under nutrient limitation. Alkaline
conditions, similar to those in our culture grown in non-buffered medium, are typically
associated with picoplankton blooms [52] and support a less dense, water-soluble dispersed
EPS structure [38]. These conditions are attributed to the onset of TEP formation in coastal
waters and lakes [53,140]. Curiously, TEP aggregation is enhanced through cross-linking of
EPS by calcium ions [36], a process that also has been implicated in supporting calcium
carbonate precipitation [141]. The protein-rich EPS, because of its high calcium-binding
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capacity, supports the production of small minerals, may inhibit crystal growth [141] and
possibly promotes the formation of large floating aggregates.

Carbonate mineral precipitation in EPS increases the cyanobacterial-specific density
several-fold: ρSynechococcus is 1.040 g·cm−3 [142], near-neutral buoyancy. In contrast, ρcalcite

is 2.710 g·cm−3 [143]. Thus, smaller crystals in a dispersed colloidal TEP network are ad-
vantageous for the cells as they reduce the mineral ballast [57], prevent rapid sinking [144],
and prolong the residence time in the photic zone ([145]; Figure 9D). On the other hand,
the TEP-associated calcium carbonate may limit the light availability and reduce photo-
synthesis [146], although smaller-sized crystals have light-scattering properties that can
locally increase the light intensities [147]. Clearly, the benefits of increased residence time
in the photic zone thanks to EPS production that results in TEP formation [53,148] and the
potential of dispersal to areas with more favorable conditions, outweighs the disadvantage
of reduced light. Our study provides a better understanding of the role of specific EPS
properties in carbonate precipitation during bloom conditions. Negatively charged and
protein-rich EPS may provide a mechanism to prolong exposure to favorable nutrient and
light conditions. This could provide competitive advantages for planktonic cyanobacteria
such as Synechococcus.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/geosciences12050210/s1, Table S1: The total number of crystals
counted in 10 fields of view (=15.6 mm2) for all EPS concentrations (1–64 µg·mL−1), in both HMW
and LMW EPS fractions from non-buffered and buffered growth conditions. The numbers show the
patterns of the total number of minerals (1–50 µm and 50–500 µm crystal size classes) precipitated
with increasing EPS concentrations. Figure S1 Replication of in vitro inhibition of calcium carbonate
precipitation experiment of (A) HMW EPS from non-buffered medium. A negative control (without
EPS) and EPS extracts of concentrations of 10, 20, 30, 40, and 50 µg·mL−1 were used in the CaCO3
inhibition assay. The decrease of pH indicates precipitation and a plateau inhibition of carbonate
precipitation. A larger plateau (> 30 µg) indicates stronger inhibition of CaCO3 precipitation (e.g.,
see arrow in panel A). Figure S2: SEM images of CaCO3 crystals formed in the controls of forced
precipitation experiment (solutions without EPS) in HMW from A-B: non-buffered medium, C-D:
buffered medium and LMW from E-F: non-buffered medium and G-H: buffered medium. Figure S3:
Replication of ratios between large and small crystals that precipitated in solutions of (A) the HMW
EPS fraction from non-buffered medium (blue symbols and trend line) and from buffered medium
(orange symbols and trend line); (B) the LMW EPS fraction from non-buffered medium (blue symbols
and trend line) and from buffered medium (orange symbols and trend line). The orange and blue
symbols shown at each EPS concentration (0–64 µg·mL−1) indicate individual ratios for single
precipitation experiments.
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